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Abstract 
Revealing the structure of complex biological macromolecules, such as proteins, is an essential step for 
understanding the chemical mechanisms that determine the diversity of their functions. Synchrotron 
based x-ray crystallography and cryo-electron microscopy have made major contributions in 
determining thousands of protein structures even from micro-sized crystals. They suffer from some 
limitations that have not been overcome, such as radiation damage, the natural inability to crystallize of 
a number of proteins and experimental conditions for structure determination that are incompatible 
with the physiological environment. Today the ultrashort and ultra-bright pulses of X-ray free-electron 
lasers (XFELs) have made attainable the dream to determine protein structure before radiation damage 
starts to destroy the samples. However, the signal-to-noise ratio remains a great challenge to obtain 
usable diffraction patterns from a single protein molecule. We describe here a new methodology that 
should overcome the signal and protein crystallization limits. Using a multidisciplinary approach, we 
propose to create a two dimensional protein array with defined orientation attached on a self-
assembled-monolayer. We develop a literature-based, flexible toolbox capable of assembling different 
proteins on a functionalized surface while keeping them under physiological conditions during the 
experiment, using a water-confining graphene cover. 
1. Introduction 
The determination of the structure of proteins as well as other macromolecules has historically been 
prerogative of x-ray crystallography. One of the technique’s requirements is the growth of high-quality 
crystals, which need to be sufficiently large to efficiently diffract x-rays while withstanding radiation 
damage. This method suffers from two noteworthy constraints, making structure determination 
extremely difficult or sometimes impossible. The first problem is that many bio-molecules hardly form 
sufficiently large, high quality crystals or do not crystalize at all. These restrictions are most severe for 
large protein complexes, such as membrane proteins, which participate in a plethora of fundamental 
biological processes as receptors, transporters or enzymes, and are therefore responsible of many 
cellular dysfunctions and potential targets for new therapeutic agents. The second limitation is the 
unavoidable x-ray radiation damage. Crystal size and radiation damage are inherently linked, since 
reducing the dose delivered to a single molecule requires large crystals amplifying the signal through 
Bragg diffraction. Therefore, synchrotron-based experiments are usually performed with cryo-cooled 
crystals in order to reduce the mass-transport rate due to radiation damage.  
One of the breakthroughs using the ultrafast and coherent nature of intense X-ray pulses generated by 
free-electron laser (FEL) is single-shot coherent diffractive imaging performed before the destruction 
of the object, with diffraction-limited resolution. In life sciences, the ultimate goal for FELs is to solve 
the structure of large biomolecules without crystallization. This ambitious goal calls for the 
development of new experimental methodologies1,2. The first attempts to solve the structure of large 
biomolecules include the development of serial femtosecond crystallography (SFC) at room 
temperature, as well as the use of jets for continuous delivery of micro/nano crystals into the FEL hit 
zone. The structure is subsequently determined from the collection of many thousands diffraction 
patterns3–5. Time-resolved SFC experiments highlighted photo-induced changes in the electronic 
structure due to charge transfer, encoded in the diffraction pattern of the microcrystals under 
examination 6,7. Interestingly, serial nano-crystallography has also become feasible with focused beams 
at synchrotrons8, while microfluidic devices for protein crystallization and on-chip diffraction studies 
have been developed and demonstrated9. One of the main limitations for a broad applicability of SFC is 
that thousands of crystals are needed to obtain complete data sets. Considering that only a relatively 
small fraction of successful hits generates useful diffraction patterns, in order to become a routine 
analytical tool, SFC still lacks an easy, reliable and inexpensive way of producing a high number of 
nanocrystals.  
The limited access to perfect crystals has been an unsolved problem in protein crystallography for 
decades, further adding to the difficulty in solving the structure of complex bio-molecules. It is 
interesting to note that some recent diffraction studies performed on XFEL on imperfect crystals have 
demonstrated that this is not a constraint. The ‘neglected’ weak continuous scattering arising when the 
crystals become disordered contains key information to overcome the resolution limits and to solve the 
tricky phase puzzle 10. As shown in the paper, the continuously modulated background fully encodes 
the waves diffracted from individual single molecules. Thus, by using coherent diffraction imaging 
methods, it is possible to achieve real-space images of macromolecules with higher lateral resolution 
than what is obtainable by ordinary Bragg diffraction.  
A common feature of all the achievements summarized above is that all the proteins structures solved 
at synchrotrons or FELs sources are based on the use of 3D crystals. It is interesting to note how, even 
in the case of ‘in-vivo’ room temperature SFC experiments, the protein crystal does not represent the 
protein in its more natural 2D arrangement. Until now 2D-crystallography has almost exclusively been 
the area of transmission electron microscopy (TEM). Significant progress in protein structure 
determination and lipid interaction has been made thanks to the use of cryo-TEM and the development 
of algorithms for recovering amplitude and phase information from recorded TEM images11,12. Given 
the reduced amount and fixed-target sample delivery in near-native environment, single-shot 2D 
protein crystallography with FELs was suggested as an attractive alternative13,14 and has been recently 
demonstrated by proof-of-principle experiments at LCLS. One can also argue that the 2D approach 
adds the ability to explore protein function and dynamics and it is also an intermediate step towards the 
extremely ambitious XFELs case - atomic imaging of individual bio-molecules.  
As in the 3D case, sample preparation is also a crucial step for the 2D case, where fixed-target solutions 
have to be developed. For 2D cryo-TEM studies, most often the proteins crystals are grown embedded 
within a lipid bilayer, whereas the first XFEL experiments used dices of silicon nitride windows for 
harvesting 2D crystals, which are then covered with a thin carbon film. These first experiments 
indicated that in order to overcome the present resolution limits of 7 Å and truly exploiting the unique 
XFEL properties, an improvement of both sample preparation and data analysis is crucial.  
In the present work we put forward a new sample delivery method based on fabricating sample 
supports for hosting the target protein in a near-native environment. Our approach makes use of 
patterned silicon nitride membranes, over which a graphene cover ensures the stability of the liquid 
layer hosting the Protein Of Interest (POI). This is in turn covalently bound onto a chemically modified 
surface, so that an ordered array of proteins is produced in a hydrated environment and kept as close as 
possible to physiological conditions during data acquisition. The chemical binding method of the POI 
to the surface must ensure that the layer is 2D-ordered, and the protein in its biologically active state. 
Further, we present an experimental approach based on free electron laser diffraction before destroy, 
the final aim of our work being the determination of protein structure in physiological conditions. 
2. Discussion 
 
a. Directed protein immobilization 
The immobilization of a POI on a surface can be accomplished through several methods, both physical 
and chemical. Although physical methods are in general easier and more straightforward to develop, 
they tend to yield a disordered array of the POI on the substrate of choice. The added constraint of 
having and ordered array severely restricts the available choices. The binding process should satisfy the 
following criteria:  
1) It covalently binds two unique and mutually reactive groups, one on the protein and one on the 
surface; 
2) It is bio-orthogonal, i.e. it should not appear in, or cross-react with, any of the groups of 
endogenous amino acids; 
3) It works efficiently under physiological conditions, and without the use of harsh chemicals that 
could cause the denaturation of the POI;  
4) It does not alter substantially the structure of the POI, so as to leave it in its functional state; 
The added complication is that the structure of each protein varies hugely; this impacts directly on the 
fact that there is no single method that can be used universally to attach proteins to a surface. Thus, 
given the POI, the binding methodology should be chosen between a set of several, i.e. a “toolbox”. 
Since the final goal is to determine the structure of a protein, a corollary of points 1) and 4) is that, 
regardless of the chemistry used to bind the POI to a surface, the reacting moiety should be small in 
comparison to the POI. Engineering the positioning of proteins on a surface in ordered arrays has been 
studied extensively by the protein biochip community15,16.  The POI will have to be modified with a 
unique chemical group or sequence at a site-specific location in order to ensure a covalent and oriented 
binding to the surface, which in turn must also be adapted to “receive” the POI. The adaptation of the 
POI can be accomplished through its recombinant expression by a suitably modified vector.  Several 
classes of chemical reactions can be employed to engineer proteins onto a surface, and are reviewed in 
a number of papers15–19.  
The reactions listed in literature are: 
a) catalyzed cyclo-addition 20,21, where the ring strain energy of a cyclooctine group catalyzes an 
azide-alkyne cycloaddition, with the azide group attached to the POI.  
b) modified Staudinger ligation 22,23 creating a stable amide bond between a POI-side azide group and 
an ester group attached to the surface. 
c) Diels-Adler cyclo-addition24,25, where a six-membered unsaturated ring is formed by a pair of  
dienophile/conjugate diene.  
d) thiol-ene additions26,27 where a thiol is added to an “-ene” group via a free radical mechanism, 
usually initiated by UV irradiation;  
e) oxime ligation28,29, which is the aniline-catalized condensation of an oxyamine or hydrazide with 
an aldehyde or a ketone, producing a stable oxime linkage. 
f) Expressed Protein Ligation, such as Split-intein-mediated ligation30,31 or farnesyltransferase-
related methods32.  While these are not strictly a single chemical reactions, they are used to bind a 
POI to a surface by means of the naturally-occurring protein trans-splicing process33 (split-intein 
mediated case), or farnesyltransferase mediated binding19. 
All these reactions satisfy the 4 requirements listed above, and therefore they constitute an appropriate 
“toolbox” for anchoring ordered 2-D arrays of proteins on a substrate. Their effectiveness has already 
been reported34.    
Among the methods described above, we will concentrate on the split-intein mediated ligation, since it 
is able to yield a traceless attachment of the POI to a gold surface, with minimal POI modification. The 
technique has been first described in30. The basic idea described there is to genetically engineer a 
suitable expression vector, with the most common hosts being E. Coli, P. Pastoris or S. Cerevisiae, to 
express the POI with an N-intein fragment attached to its C-terminal. On the surface, the 
complementary C-intein fragment is attached to a modified polyethylene glycol (PEG) linker. When 
the C-intein and the N-intein fragments interact, they form an active intein domain, binding the POI to 
the surface. The split intein is naturally spliced into the solution, leaving the POI attached to the 
surface.  Generally speaking, a Self-Assembled Monolayer (SAM) of two differently modified 
PolyEthylene Glycol (PEG) chains are used, given that they are readily available and chemically well 
understood35. The shorter of the two is used as a spacer, separating the substrate from the solution, 
while the second longer one is modified to bind with the POI.  
b. Proposed methodology 
The tight integration of sample delivery system and of POI orientation will maximize the chance of a 
successful protein structure reconstruction. We intend to use the toolbox on different kind of protein in 
order to demonstrate the potential of our approach. At first, we focus on Human Serum Albumin 
(HSA), in order to show how the proposed method would allow investigating the structure of a well-
characterized system in physiological environment, a condition that is not compatible with standard 
protein diffraction methods. HSA can been expressed in high yield in the culture medium by the 
methylotrophic yeast Pichia pastoris both alone or as a fusion protein (see 36–38). The HSA structure has 
been resolved in 1999 by Sugio and coworkers39; all the relevant protein data can be found at the 
Protein Data Bank40. HSA has an exposed C-terminal that allows for a N-intein group to be attached 
through recombinant techniques, see Figure 1.  
 
 
 
 
 
 
 
 
Figure 1: Human Serum Albumine. The backbone of the protein is shown superimposed to a space fill 
model. The C-terminal of the protein is also indicated. Data is from 39,40. 
Further, being a protein found in blood, it is safe to assume that the protein will be in its functional 
conformation in a physiological solution. The protein will be bound on Au, through a tailored SAM. 
The 10 nm Au layer is going to be deposited on a silicon nitride membrane, and the underlying silicon 
chip will host a number of spatially separated membranes, so as to line each one up with a single FEL 
shot and collect the corresponding diffraction pattern. Moving the Si chip to the next window, and 
repeating the process on another membrane will allow to collect the diffraction pattern in a step-and-
repeat fashion. A graphene cover will prevent the evaporation of the physiological solution in the 
vacuum chamber41. This would be ideal, due to the transparency of the graphene layer to FEL photons. 
As an alternative, a second set of nitride membranes could be used for sealing the wet chamber. 
Standard photolithography techniques will be used to open silicon nitride membranes and define 10 nm 
thick, 10 µm in side Au square patches, using 2 nm Ti as an adhesion layer. The periodicity of the FEL-
radiation transparent areas on the substrate is determined by the thickness of the Si substrate, due to the 
angle between the Si (111) and (100) planes. In order to provide the graphene cover with a set of 
supports, an optical resist will be patterned via photolithography to “corral” each of the membranes. 
The photoresist props also serve to keep the POI environment wet and to create separated micro-
environments, in order to minimize the possibility of water leakage after each FEL shot. Figure 2 
schematizes the end result, excluding the graphene cover.  
 
 
 
Figure 2: schematics of a single FEL-transparent area. The silicon nitride membrane (in light blue) is 
used as a carrier for the 10 micron wide, 10 nm thick Au square (in gold). Outside of the membrane 
perimeter, the area is corralled by patterned photoresist, used as a prop for the graphene cover (not 
shown in the figure) and to keep each sample area wet, and separated from the others. 
To define the SAM, we will proceed as described in 19 with a slight modification. A dithiocarbamate 
(DTC)-modified PEG will serve as a linker, with the loose end (i.e. the one not attached to the 
underlying gold layer) modified by a C-intein domain as described in 16,30. A shorter, unmodified DTC-
PEG layer will be used as a spacer. The density of the anchoring points can be controlled by adjusting 
the relative concentration of the two DTC’s in solution. The POI (specifically HSA) will be 
recombinantly over-expressed by genetically engineered Pichia Pastoris42 or by other suitable 
eukaryotic vector. One of the key points of the binding process proposed here is that the POI will bind 
to the surface directly from the cell culture medium thus avoiding lengthy purification steps. The POI 
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will be covalently linked to the Au surface via the intein-mediated trans-splicing process as described 
above.  
 
Figure 3: schematics of HSA covalent binding process to the surface. 
All the other cell debris will be washed away with an appropriate rinsing step. Figure 3 shows 
schematically the binding process. By rough calculation, according to the data published on the Protein 
Data Bank, we estimate that there will be approximately 2.5 million HSA proteins per 10 µm square 
Au patch. Once the proteins have been attached to the surface, a graphene layer will be added on top to 
seal the stack. What we believe is particularly interesting about our methodology is the fact that any 
protein of known sequence can potentially be recombinantly modified to incorporate into either the N- 
or the C-terminal a suitable moiety that will bind to a chemically complementary substrate, regardless 
of the ability of the POI to crystallize. As stated above, the density of the surface anchoring points will 
be determined by the relative concentration of the spacer/linker PEG chains. Coupled to this, the 
protein-protein interactions due to charge distribution and steric hindrance will order of the POI onto 
the chemically-engineered surface. This has been demonstrated in literature by, for example19,43.  
c. Experimental Needs 
 
In this section we will discuss the experimental requirements needed to reconstruct the protein 
structure. To avoid sample degradation due to radiation damage, FELs pulses represent a valuable 
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choice44. Accordingly to45, diffraction images can be easily acquired to better than 8.5 Å resolution, 
from two-dimensional protein crystal samples less than 10 nm thick and at room temperature. While 
this achievement represents a big step in the direction of determining protein structure in physiological 
condition, the limits of the approach proposed in 45 were basically related to the fact that the protein 
had random orientation on the substrate. As the authors pointed out: “The extent to which multiple 
lattice or powder diffraction XFEL data can be reliably used for structure determination from 2-D 
crystals is currently unclear”. Using our approach in the case of HSA we can align up to about 2.5 · 108 
proteins on a silicon nitride substrate as large as 100 mm2.  
 
 
Figure 4 – Proposed set-up for the single beam diffraction (top left) and for double beam diffraction 
(top right). The angle of incidence of the beam with respect to the surface and/or the inter-beam angle 
can be varied to obtain complementary diffraction patterns. 
This will strongly increase the intensity from Bragg diffraction and, moreover, the use of a large focal 
spot will prevent electron stripping from the atoms upon pulse arrival, thus decreasing the scattering 
from unbound electrons and further increasing the signal-to-noise ratio. Finally, the use of a graphene 
cover allows keeping the protein in physiological condition. Focal spot sizes can be easily varied from 
10 µm to 1 mm using standard optics set-ups, thus defining the maximum POI island size that can be 
illuminated by a single shot. In case of ablation, samples can be raster scanned. The diffraction pattern 
of each POI patch may be acquired with a suitable in-vacuum area detector. When single shot 
techniques have been applied to nano-crystals, the 3D structure of the protein has been recovered by 
sorting and merging diffraction patterns obtained by randomly oriented crystals in liquid jets3. With our 
approach, one can rotate the sample under the beam so as to precisely define the angle under which the 
POI is observed. Alternatively, a set-up consisting of two crossed FEL beams46 (Figure 4) and two 
detectors may be employed to simultaneously record the diffraction pattern of the same area from two 
different directions. 
 
Figure 5- Estimated sample transmission for 50 nm of Silicon Nitride and 0.5 mm of water (blue curve) 
and for 100 nm of Silicon Nitride and 2 mm of water (orange curve). 
 
Figure 5 shows the calculated theoretical transmission of the sample stack. The blue and the orange 
curve refer to 50 nm nitride/0.5 µm water, and 100 nm nitride/1 µm water respectively. For both of the 
curves, a 2 nm Ti and 10 nm Au bilayer has been considered. As expected, a monolayer of proteins 
does not contribute substantially to the total absorption of the stack. The proposed structure has a static 
transmission value around 40 % in the least favorable case for photon energies above 1 keV.  
In order to calculate the signal improvement caused by the orientation of the POI, it is interesting to 
estimate the increase in the Bragg signal due to the number of proteins aligned on the surface and under 
the beam. As in any interference problem, the strength of the main peak is proportional to the number 
of diffracting objects squared47, while the ratio between different order/directions is governed by more 
complex relations48. For photosystem I as studied by3 with single FEL shot methods, an intensity in the 
Bragg spots ranging from 5 x 103 to 5 photons was recorded as function of angle. The lowest reported 
crystal size (P63 crystal structure with a diameter of 160 nm and a diameter to length ratio of 1:2) 
corresponds to a number of proteins ranging from 270 to 540.  With our sample delivery method, used 
for the same photosystem I, we expect to obtain a Bragg peak intensity which is at least a factor 6 x 106 
higher, since a POI SAM of 100 x 100 mm should contain ~ 1.3 x 107 proteins. Similar ratios are thus 
expected for others proteins.  
The recent development of FEL Facilities has opened up different schemes for the production of 
photon pulses49. One recently highlighted possibility is to allow only a single superradiant spike of the 
electron bunch self-emission to be amplified in an exotic configuration. This mode may produce pulses 
as short as 500 attosecond, with the drawback of a limited number of photons per pulse. Using the 
parameters of the European XFEL under commissioning in Hamburg50, the expected flux would be 
about 1011 photon per pulse. It has been demonstrated that FEL single molecule imaging will strongly 
benefit from using sub-femtosecond pulses, due to the significant radiation damage and the formation 
of preferred multisoliton clusters, which reshape the overall electronic density of the molecular system 
when using longer pulses51. While the expected number of photons per pulse in the superradiance 
scheme would be too low to get the diffraction pattern from a single molecule, this is not the case for 
the 2D array sample delivery method we introduce here, thanks to the several orders of magnitude 
enhancement of the scattering power due to the large number of molecules involved in the process. 
3. Conclusions 
 
In this article we propose a new method capable of delivering two-dimensional, aligned arrays of bio-
molecules. The alignment should increase the signal-to-noise ratio by several orders of magnitude on 
FEL-based diffraction experiments, as compared with other reported studies. The sample will be a two-
dimensional crystal containing up to billions of ordered macromolecules that will be kept in a near-
native environment. The route presented above follows a multidisciplinary approach based on existing 
literature. We discussed in detail the advantages of this methodology that we highlight in the following:  
1) It will permit to reveal the structure of macromolecules in general, and proteins more in 
particular, that cannot be crystallized and, therefore, cannot be studied by classical 
crystallography;  
2) The 2D protein array would allow to use FEL pulses produced in exotic configurations with 
shorter pulse duration (namely few attosecond). This would definitively avoid sample radiation 
damage during the diffraction process. 
3) The measurements can be carried out under physiological conditions; 
4) Only a moderate sample quantity will be necessary. This is extremely important when samples 
are difficult or very expensive to produce. 
Moreover, our approach avoids lengthy purification steps of the POI, due to the bio-orthogonal 
chemical reaction binding it to the engineered surface. 
It is worthwhile noting that a different ordering strategy is required in order to solve the structure of 
membrane proteins in their native environment. These constitute 20-30% of the total proteome, but 
represent about 1% of determined protein structures, due to difficulties in their crystallization. Cryo-
TEM has been one of the main tools of choice for integral membrane proteins (IMP) structure 
reconstruction. The base of the 2D crystallization behind cryo-TEM IMP structure reconstruction is a 
work recognizing as early as 199252 that IMP can form 2D crystals when inserted into an artificial 
phospholipid bilayer 53,54. Due to the nature of IMPs, ad-hoc crystallization conditions have to be 
determined for each protein55–57. A toolbox for the 2D crystallization of IMPs is therefore already well 
established, and we suggest that FEL-based in particular, and more in general x-ray, IMP structure 
reconstruction should follow the methodologies found in literature. 
An engineered sample delivery method can be used to exploit the two main characteristics of FEL 
pulses, i.e. tunability and coherence. The former can be used to perform anomalous scattering 
experiments across the edge of biologically abundant elements, such as S and P. The coherence of the 
beam, coupled with our sample holder, will allow for precisely reconstructing the phase of the scattered 
photons. 
We note finally that the sample delivery method we propose here allows for pump-and-probe 
experiments, whereby a visible laser excites the POI, and the FEL beam probes its structure post-
excitation. This could, for example, enable to determine the dynamic change in the structure of a 
photosynthetic centre, before, during and after its excitation by visible-light.   
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